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P

hosphorus is one of the most important macroelements of
living cells. It is a crucial component of nucleic acids, highenergy compounds, phospholipids, and other molecules and is
essential for normal plant growth. Many soil types are naturally
low in inorganic phosphorus, and, as the pressure on agriculture
to provide food for the growing human population intensifies, so
does the need for a massive use of phosphate fertilizers. However,
rock phosphate is a nonrenewable natural resource (1). Furthermore, the vast majority of applied phosphate fertilizer quickly
interacts with soil components, leading to its rapid transformation into various organic or precipitated compounds inaccessible
to plants. Thus, much attention has recently been paid to alternative sources of phosphorus in soil.
Organic phosphorus compounds in soil account for 30 to 50%
of total soil phosphorus and are often considered natural alternatives to the use of mineral phosphate fertilizer (2). Phytate is a
molecule of myo-inositol with six phosphate residues (3). Phytate
concentration varies from 3.9% to 25.3% of total extractable P in
carbonate-free cambisol soils and calcareous chernozems, respectively (4), suggesting that in some cases phytate can be one of the
major forms of organic soil phosphorus. Phytate’s phosphate residues are chemically active and can chelate metal ions. Such
phytate-metal ion complexes at neutral and basic soil pH values
are insoluble and precipitate easily, making them unavailable for
cellular metabolism (5, 6). In contrast, at acidic pH values the
phosphate groups become protonated, can be easily dissolved in
water, and enter metabolism. Overall, phytate is generally considered a rich reservoir of soil phosphorus and can potentially be
used by soil microbes and plants.
Phytases comprise a specific group of phosphatases which are
capable of hydrolyzing myo-inositol 1,2,3,4,5,6-hexakisphosphate
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(phytate) with the formation of less phosphorylated inositol derivatives (from mono- to pentaphosphate) (7). A number of phytases have been identified in plants, microorganisms, and some
animal tissues (8). Phytases are classified into several distinct families based on either the position of the first phosphate group of
phytate hydrolyzed by the enzyme or the catalytic mechanism of
hydrolysis (9). Three major types of phytases are recognized on
the basis of the first phosphate group hydrolyzed by the enzymes:
3-phytase (EC 3.1.3.8), 4/6-phytase (EC 3.1.3.26), and 5-phytase
(EC 3.1.3.72). 3-Phytases are very common in microorganisms,
4/6-phytases are often found in plants, and 5-phytases have been
isolated from legume plants and the rumen bacterium Selenomonas ruminantium (10).
The four major groups of phytases based on catalytic mechanisms of hydrolysis are histidine acid phosphatases (HAPs; acid
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Phosphorus is an important macronutrient, but its availability in soil is limited. Many soil microorganisms improve the bioavailability of phosphate by releasing it from various organic compounds, including phytate. To investigate the diversity of
phytate-hydrolyzing bacteria in soil, we sampled soils of various ecological habitats, including forest, private homesteads, large
agricultural complexes, and urban landscapes. Bacterial isolate Pantoea sp. strain 3.5.1 with the highest level of phytase activity
was isolated from forest soil and investigated further. The Pantoea sp. 3.5.1 agpP gene encoding a novel glucose-1-phosphatase
with high phytase activity was identified, and the corresponding protein was purified to apparent homogeneity, sequenced by
mass spectroscopy, and biochemically characterized. The AgpP enzyme exhibits maximum activity and stability at pH 4.5 and at
37°C. The enzyme belongs to a group of histidine acid phosphatases and has the lowest Km values toward phytate, glucose-6phosphate, and glucose-1-phosphate. Unexpectedly, stimulation of enzymatic activity by several divalent metal ions was observed for the AgpP enzyme. High-performance liquid chromatography (HPLC) and high-performance ion chromatography
(HPIC) analyses of phytate hydrolysis products identify DL-myo-inositol 1,2,4,5,6-pentakisphosphate as the final product of the
reaction, indicating that the Pantoea sp. AgpP glucose-1-phosphatase can be classified as a 3-phytase. The identification of the
Pantoea sp. AgpP phytase and its unusual regulation by metal ions highlight the remarkable diversity of phosphorus metabolism
regulation in soil bacteria. Furthermore, our data indicate that natural forest soils harbor rich reservoirs of novel phytate-hydrolyzing enzymes with unique biochemical features.
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private homesteads in the countryside, large farm complexes, and
city streets. We report isolation and characterization of a new
phytate-degrading bacterium, Pantoea sp. strain 3.5.1, from the
forest soil samples. The phytate-degrading enzyme was purified to
homogeneity and sequenced by mass spectrometry (MS), and the
corresponding gene in Pantoea sp. 3.5.1, dubbed agpP, was identified and characterized.
MATERIALS AND METHODS
Soil collection and characterization. Soil samples were collected from
four different ecological and geographical habitats of the Republic of Tatarstan, Russia: forest (near the village Agerze, Aznakaevo District), private homesteads in the countryside (in the villages Nizhniy Uslon and
Narmonka, Laishevo District), large farm complexes (Gosudarstvennoe
Unitarnoe Predpriyatie [GUP] Mayskiy and Kazan Greenhouse Sovkhoz), and Kazan city streets (landscape in front of Kazan Federal University). Soil texture was measured using Colorado Master Gardener
guidelines from Colorado State University (24). Briefly, tall ⬃15-cm jars
were filled with 4 cm of dry and clean soil samples free from rocks, trash,
and roots. Distilled water with a few drops of dishwashing detergent was
added to each jar up to 11 cm, and jars were shaken hard for 15 min at 220
rpm. The sand depth was measured and marked after 1 min of sedimentation. The level of silt was marked after 2 h, and the level of clay fraction
was marked when water above the deposits fully cleared. The thickness of
each deposit was measured, and the relative percentages of sand, silt, and
clay in the soil were calculated. The obtained soil texture triangle was used
to determine the soil texture of each sample. To measure soil pH, 30 g of
each soil sample was transferred to flasks, mixed with 150 ml of distilled
water, shaken hard for 3 min, and left for 5 min without shaking to sediment soil particles. pH values of supernatants were measured using a pH
meter (HI 2210; Hanna Instruments).
Screening and identification of phytate-degrading bacteria. To isolate phytate-degrading bacteria, soil samples (5 g each) were mixed with
45 ml of sterile water for 3 min on a rotary shaker. Mixed samples were
then allowed to sediment, and the remaining liquid was serially diluted
(10-fold each time). A 0.1-ml sample of each dilution was plated on two
phytate-specific medium (PSM)-agar plates (2% glucose, 0.4% sodium
phytate, 0.2% CaCl2, 0.5% NH4NO3, 0.05% KCl, 0.05% MgSO4 · 7H2O,
0.001% FeSO4 · 7H2O, 0.001% MnSO4 · H2O, 3% agar, pH 7.0) (25). Sodium phytate was added to the medium after filter sterilization (0.22-mpore-size filter). Plates were incubated at 28°C and examined for zones of
clearance for 1 to 5 days after plating. Morphologically distinct colonies
showing clear zones (halo) after repeated subculturing on PSM were selected for further studies.
Protein and phytase activity assays. Protein concentration was analyzed by a Bradford assay using bovine serum albumin as a standard (26).
Phytase activity was quantified using a modified ammonium molybdate
method (27) by measuring the amount of released inorganic phosphorous. The enzyme solution (10 to 50 l) was added to 350 l of 10 mM
sodium phytate (Aldrich, Germany) in 100 mM sodium acetate buffer,
pH 4.5, and incubated at 37°C for 30 min. The reaction was stopped by the
addition of 1.5 ml of freshly prepared 2:1:1 AAM solution (acetone–5N
H2SO4–10 mM ammonium molybdate), followed by additional incubation for 2 min and a final addition of 100 l of 1 M citric acid. Blanks were
prepared by adding AAM solution prior to the addition of enzyme. Optical density was measured at 355 nm (OD355) on a model 2550 Microplate
Reader (Bio-Rad, USA). A calibration curve was built using the concentrations of inorganic phosphate in the range of 5 to 600 nmol. One unit
(U) of phytase activity was defined as the amount of enzyme necessary to
produce 1 mol of inorganic phosphorous per min at 37°C. Statistical
significance was determined using a Student’s two-tailed t test with significance set at a P value of ⬍0.05.
Bacterial growth and preparation of cellular lysate. For enzyme purification, we followed our recently developed phytase purification protocol (28) with minor modifications. Cells were grown in LB medium
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phytases), beta-propeller phytases (BPP; alkaline phytases), purple acid phosphatases (PAP; metalloenzymes), and protein tyrosine phosphatases (PTP; cysteine phytase) (11). Members of
each group share distinct catalytic mechanisms that enable them
to effectively utilize myo-inositol 1,2,3,4,5,6-hexakisphosphate at
different pH values. The most extensively studied phytases are
histidine acid phosphatases (HAPs) (9). All members of the HAP
class harbor two conserved active-site motifs, RHGXRXP and
HD, and hydrolyze metal-free phytate, with pH optima in the
acidic range (12). Within HAPs, three phytase subgroups (AppArelated, Agp-related, and PhyK phytases) can be identified based
on their substrate specificities and specific activity levels. Escherichia coli has both AppA and Agp enzymes with narrow and
broad substrate specificities, respectively. These differences in
substrate specificities may be attributed at least in part to variation
in the amino acid compositions of the substrate-binding centers,
while the catalytic cores of these enzymes appear to be quite conserved (6). The active center of the HAP enzymes is relatively large
and can accommodate various phosphorylated substrates, such as
p-nitrophenyl phosphate (pNPP), AMP, ATP, fructose-1,6-bisphosphate, glucose-6-phosphate, and others, further contributing
to the overall broad substrate specificity of HAPs (6). The PhyK
subgroup includes phytases isolated from plant-associated bacteria such as Xanthomonas campestris, Pseudomonas syringae, and
Erwinia carotovora. PhyK-related phytases share some structural
and biochemical features with the Agp subgroup, but other characteristics appear to be closer to the AppA subgroup, which includes phytases from many pathogenic bacteria (12).
Soil bacteria produce a number of extra- and intracellular hydrolases, including many types of phytases. Phytase-encoding
genes have been described in various bacterial species: Aerobacter
aerogenes (13), Bacillus amyloliquefaciens (14), Bacillus subtilis
(15), Klebsiella sp. (16), Pseudomonas sp. (17), Enterobacter sp.
strain 4 (18), and Escherichia coli (19). Phytases produced by soil
bacteria have important functions in recycling soil phosphorus by
releasing inorganic phosphates from organic phosphorus-containing molecules (20). Although phytases can often hydrolyze
numerous compounds, mounting evidence indicates that phytate
may indeed be one of the natural substrates of many bacterial
phytases. For example, the Klebsiella pneumoniae phytase gene is
cotranscribed with the inositol phosphate transporter gene (21).
Similarly, phytate-hydrolyzing activities of Selenomonas ruminantium and Bacteroides multiacidus are associated with the outer
membrane (22), where they may participate in phytate hydrolysis.
Furthermore, the E. coli phytases affect phosphorus levels in the
periplasm where they are located (11).
In the last few decades the compounding environmental, political, and economic concerns of using nonrenewable rock phosphate fertilizers have resulted in increased efforts to develop alternative ways to sustain current and future agricultural needs. Much
attention has been paid to microbial phytases as the source of
innovative approaches to livestock management, farming, and environmental protection (23). While many bacterial phytases have
already been isolated and described, the numerous complicated
aspects of phosphorus recycling in the soil require the continued
discovery of new efficient phytase producers and detailed biochemical and molecular characterization of novel phytases isolated from these sources. The objective of this work was to survey
the overall diversity and distribution of phytate-hydrolyzing bacteria in the topsoil of various ecological habitats, including forests,
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agpP gene were identified using the BPROM program (Softberry, Inc.,
Mount Kisco, NY). Signal peptide was identified using the SignalP, version 3.0, server (http://www.cbs.dtu.dk/services/SignalP).
16S rRNA genes of selected isolates were amplified by PCR with standard 27F forward primer 5=-GAGTTTGATCCTGGCTCAG-3= and
1492R reverse primer 5=-TACCTTGTTACGACTT-3=. PCRs were incubated for 4 min at 95°C, subjected to 30 cycles of denaturation (45 s at
95°C), annealing (45 s at 57°C), and extension (100 s at 72°C), followed by
a final extension step (3 min at 72°C). PCR products were purified using a
PCR purification kit (Thermo Scientific, Lithuania) and sequenced at
Syntol (Moscow, Russia). Sequence analysis of the obtained 16S rRNA
genes was performed using the BLAST Internet tool (http://www.ncbi
.nlm.nih.gov).
Cloning and expression of recombinant AgpP protein in E. coli. The
sequence of the agpP glucose-1-phosphatase gene lacking the signal peptide was amplified from Pantoea sp. 3.5.1 genomic DNA using primers
5=-GCGCGAATTCATCAAGAAACTGAGTCTTTG-3= and 5=-GACTAA
GCTTCTGCGCTGCCGTTGCCACTG-3= under the following PCR conditions: one cycle at 94°C for 4 min, followed by 37 cycles of 94°C for 30 s,
57°C for 30 s, and 72°C for 1 min 30 s, with a final extension step at 72°C
for 10 min. The amplified agpP PCR product was digested by EcoRI and
HindIII restriction enzymes and inserted into the pET28a expression vector (Novagen) as a fusion with an N-terminal six-histidine (6⫻His) tag. E.
coli BL21(DE3)/pLysS (Invitrogen) cells were transformed for recombinant protein expression.
E. coli cells harboring the pET28a agpP expression construct were cultured at 37°C in LB medium, and protein expression was induced at an
OD600 of 0.5 by the addition of 1 mM isopropyl-␤-D-thiogalactopyranoside (IPTG). Cells not subjected to IPTG induction were used as negative
controls. After 6 h of induction at 37°C, cells were harvested by centrifugation at 5,000 ⫻ g and 4°C for 15 min and resuspended in buffer containing 50 mM Tris-HCl at pH 8.0, 100 mM NaCl, and 8 mM MgCl2.
Bacteria were lysed twice by freezing at ⫺80°C and thawing, followed by
two rounds of sonication for 10 min. Cellular debris was removed by
centrifugation at 14,000 ⫻ g and 4°C for 20 min, and recombinant glucose-1-phosphatase was purified from the clear supernatant by affinity
chromatography with Ni-nitrilotriacetic acid (NTA)-agarose (Qiagen).
The Ni-NTA column was washed with 10 column volumes of equilibration buffer (50 mM Tris-HCl at pH 8.0, 400 mM NaCl, and 20 mM
imidazole), and glucose-1-phosphatase was eluted with 500 mM imidazole. The purity of glucose-1-phosphatase was determined by SDS-PAGE
(12%, wt/vol) and visualized by Coomassie brilliant blue R-250 staining,
followed by Western blotting with 6⫻His-tagged antibody (Abcam).
myo-Inositol phosphate analysis by HPLC. Ion-pair chromatography on an Ultrasep ES 100 RP18 column was used for quantification of
phytate hydrolysis products (32). The reaction mixture was acidified with
HCl to a final concentration of 2.4%. Two milliliters of the acidified reaction mixture was diluted 25-fold with water and applied to a chromatography column (0.7 by 9 by 15 cm) filled with AG1-98 100- to 200-mesh
resin. The column was washed with 25 ml of water, followed by 25 ml of 25
mM HCl. Elution of myo-inositol phosphates was performed with 20 ml
of 2 M HCl. The obtained eluate was dried in a vacuum evaporator and
dissolved in 1 ml of water. Twenty microliters of the sample was subjected
to chromatography on an Ultrasep ES 100 RP18 column (2 by 9 by 250
mm). The column was run at 45°C with a flow rate of 0.2 ml min⫺1 and
eluted with a buffer containing 0.05 M formic acid–methanol (49:51) and
1.5 ml of tetrabutylammonium hydroxide in 100 ml of water, pH 4.25
(32). A mixture of the individual myo-inositol phosphates (InsP3 to
InsP6) was used as standards.
Detection and identification of phytate hydrolysis products. Ten
microliters of the enzyme solution (0.028 mg/ml) was added to the incubation mixture containing 1.25 ml of a mixture of 3.125 mol of sodium
phytate in 100 mM sodium acetate buffer, pH 4.5, and the enzymatic
reaction was performed at 37°C. Samples (100 l) of the incubation mixture were taken periodically, and the reaction was stopped by heat treat-
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aerobically at 37°C for 20 h and harvested at 4°C by centrifugation for 10
min at 8,000 ⫻ g. Cells were then washed three times with 20 mM sodium
acetate buffer, pH 4.5, and lysed three times by repeated freezing at ⫺80°C
for 15 min and thawing at room temperature for 20 min, as described
previously (29). After being resuspended in 20 mM sodium acetate
buffer, pH 4.5, cells were sonicated on ice 10 times for 10 s with 30-s
intervals. Cellular debris was removed by centrifugation at 4°C for 30
min at 18,000 rpm.
Phytase purification. Fast protein liquid chromatography (FPLC) for
all steps was run at 25°C with a flow rate of 1 ml/min. Cleared cellular
extract was applied to a Mono S HR 5/5 column (Pharmacia, Germany)
equilibrated with 20 mM sodium acetate buffer, pH 4.5. The column was
washed with the same buffer for 30 min, and proteins were eluted with a 0
to 0.5 M NaCl gradient in 20 mM sodium acetate buffer, pH 4.5, for 60
min; 2.0-ml fractions were collected. Elution fractions were analyzed for
total protein concentration by the Bradford method and assayed for phytase activity. Phytase-containing fractions were combined and dialyzed
against 20 mM Tris-acetate buffer, pH 7.8.
Dialyzed samples were then loaded on a Mono Q HR 5/5 column
(Pharmacia, Germany) equilibrated with 20 mM Tris-acetate buffer, pH
7.8. The column was washed with equilibration buffer for 30 min. Proteins were eluted with a linear gradient of 0 to 0.5 M NaCl in 20 mM
Tris-acetate buffer, pH 7.8, for 60 min; 2.0-ml fractions were collected,
and phytase-containing fractions were pooled. Phytase activity and protein amount were determined in the collected fractions as described
above. Purified protein samples were separated by 10% preparative SDSPAGE and visualized by Coomassie brilliant blue R-250 staining. Purified
phytase samples (2 ml) were loaded onto a 16/60 Sephacryl S-100 HR
column (Pharmacia, Germany) equilibrated with 50 mM sodium acetate
buffer, pH 5.0, containing 0.2 M NaCl; 2.0-ml fractions were collected and
assayed for phytase activity.
Determination of enzymatic properties and substrate specificity. To
study the pH optimum of the phytate-degrading enzyme of the Pantoea
sp. 3.5.1, the following buffers were used in the standard assay described
above: 100 mM glycine-HCl (pH 1.0 to 3.5), 100 mM sodium acetate (pH
3.5 to 6.0), 100 mM Tris-acetic acid (pH 6.0 to 7.0), and 100 mM Tris-HCl
(pH 7.0 to 9.0). To study pH stability, the enzyme was incubated in the
reaction buffers with different pH values at 4°C for 1 h, and the remaining
enzyme activity was analyzed by a standard assay.
To determine the temperature optimum, a standard phytase assay was
performed in a temperature range from 10°C to 80°C. To study thermostability, the enzyme was incubated at different temperatures (10°C to
80°C) and cooled to 4°C, and the remaining enzyme activity was analyzed
with the standard assay.
To determine Km values for various phosphorylated substrates, enzyme was incubated in 100 mM sodium acetate buffer, pH 4.5, with different concentrations of each phosphorylated compound (total reaction
volume of 350 l). The effect of metal ions (Mg2⫹, Ca2⫹, Mn2⫹, Cu2⫹,
Fe2⫹, Zn2⫹, and Co2⫹) on enzyme activity was analyzed by preincubating
1.0 mM each cation with the phytate-degrading enzyme of Pantoea sp.
3.5.1 for 15 min at 37°C prior to performing the standard phytase assay.
MALDI-TOF MS analysis. Matrix-assisted laser desorption ionization–time of flight mass spectrometry (MALDI-TOF MS) analysis was
conducted at Protein Analytics, Giessen, Germany. Purified phytase was
digested by trypsin according to the method described by Cockrill et al.
(30) and analyzed by an Ultraflex II Bruker mass spectrometer (Justus
Liebig University, Germany). Mass spectroscopy data for the peptide
weights were matched with peptide sequences from protein databases in
NCBI using the MASCOT search program (Matrix Science, Boston, MA).
Phytase gene and 16S RNA amplification and analysis. Genomic
DNA from Pantoea sp. 3.5.1 was purified using a genomic DNA purification kit (Thermo Scientific, Lithuania). DNA sequencing was performed
at Syntol (Moscow, Russia). Obtained DNA sequences were compared
with sequences deposited in the GenBank database using the BLAST Internet tool (http://www.ncbi.nlm.nih.gov) (31). Promoter regions of the
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TABLE 1 Identification of phytate-hydrolyzing bacteria in top soil of
different ecological habitats
Soil type

No. of bacteria
(CFU/g of soil)

Forest (near the village of Agerze)
Large farm (GUP Mayskiy)
Large farm (Kazan Greenhouse Sovkhoz)
City landscape
Private homestead (village of Narmonka)
Private homestead (village of Nizhniy Uslon)

⬎100 ⫻ 103
29 ⫻ 103
0.4 ⫻ 103
7 ⫻ 103
0
0

RESULTS AND DISCUSSION

Screening and identification of soil microbes capable of growing
on phytate as the sole source of phosphorus. To sample the diversity of phytate-hydrolyzing bacteria in various natural habitats,
topsoil samples were collected from four different ecological and
geographical habitats of the Republic of Tatarstan, Russia: forest,
private homesteads in the countryside, large agricultural complexes, and urban soils from Kazan city streets. All collected soil
samples had neutral pH values and ranged in texture from sandy
loam to loamy sand (see Table S1 in the supplemental material).
Soil microbes from each collection site were isolated (see Materials
and Methods) and placed on agar plates with selective PSM, which
contains insoluble Ca-phytate as the only source of phosphorus.
The maximum number of phytate-hydrolyzing colonies was
obtained from forest soils, which had more than 100 ⫻ 103 CFU
per gram of soil (Table 1). Soils of both large farms and the city
landscape also contained a number of phytate-hydrolyzing microbes. Cell morphology of isolated colonies ranged from thin or
thick short rods to big rods with spores and included both Grampositive and -negative cells (see Table S2 in the supplemental material). Interestingly, no colonies were obtained from topsoils of
private homesteads. The ecological basis of such variation in the
composition of microbial communities requires further investigation. Overall, our data indicate that natural forest soils harbor
rich reservoirs of phytate-utilizing bacteria.
As forest soil samples displayed the most CFU among all specimens tested, we focused our attention on this soil type for the
remainder of the study. Forest bacterial isolates with the most
phytase activity were passaged five times to obtain clean cultures.
The purity and integrity of each isolate were monitored under the
microscope; only colonies with uniform morphologies were subcultured. After subculturing, all remaining bacterial isolates were
retested for phytate-hydrolyzing activity on solid PSM. A total of
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FIG 1 Phytate hydrolysis assay for microbial isolates. Bacterial isolates were
analyzed for their ability to form clear phytate hydrolysis zones on PSM. (A)
Visual representation of phytate hydrolysis assay for microbial colonies. (B)
Diameter of phytate hydrolysis zones measured around each microbial colony
(n ⫽ 3).
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ment (95°C for 10 min). myo-Inositol hexa- and pentaphosphate concentrations were determined using HPLC ion-pair chromatography (32).
Identification of myo-inositol phosphate isomers was performed by highperformance ion chromatography (HPIC) (33). Heat-treated samples (50
l) were chromatographed on an HPIC system using a Carbo Pac PA-100
analytical column (4 by 250 mm) and a gradient of 5 to 98% HCl (0.5 M,
0.8 ml/min). Eluted samples were mixed in a postcolumn reactor with
0.1% Fe(NO3)3 · 9H2O in a 2% HClO4 solution (0.4 ml/min) (34). The
combined flow rate was 1.2 ml/min.
Accession numbers. The full genomic sequence of the Pantoea sp.
3.5.1 strain and the sequence of the identified glucose-1-phosphatase gene
agpP were deposited in the GenBank under accession numbers
JMRT00000000.2 and KJ783401, respectively. The Pantoea sp. 3.5.1 strain
has been deposited in the Russian National Collection of Industrial Microorganisms (VKPM, Moscow, Russia) under catalog number B-11689.

130 strains were initially isolated and screened for their ability to
form halo zones around the colonies (clear zones reflecting solubilization of Ca-phytate in the agar medium) (Fig. 1A). Since isolate 3.5.1 displayed the largest halo (Fig. 1B), this bacterium was
selected for further study.
Phytase production during bacterial growth. The selected
isolate 3.5.1 belongs to the Gram-negative Pantoea genus of the
Enterobacteriaceae family and, as indicated by multilocus sequence typing, appears to represent a previously uncharacterized
bacterial species, with the highest similarity to Pantoea agglomerans. This isolate was designated herein Pantoea sp. 3.5.1. To test if
this microorganism secretes an extracellular phytate-hydrolyzing
enzyme, we measured extracellular phytase activity in liquid culture medium of growing Pantoea sp. strain 3.5.1. Interestingly, no
secreted extracellular phytate-hydrolyzing activity was detected in
the culture medium in any growth phase (Fig. 2). These data suggest that the observed ability of the Pantoea sp. 3.5.1 isolate to
grow with insoluble Ca-phytate as the sole source of phosphorus is
not due to the secretion of an extracellular phytase.
One alternative hypothesis for the appearance of halo zones
around Pantoea sp. 3.5.1 colonies is that this strain exudes compounds that significantly lower the pH of the growth medium.
Acidification of culture medium during bacterial growth by exudation of various organic acids is a known characteristic of the
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Pantoea genus (35). Since Ca-phytate is known to be highly soluble at a pH of ⬍4 (36), acidification of the culture medium would
effectively solubilize Ca-phytate, allowing its import into the cells.
To test this hypothesis, we grew Pantoea sp. 3.5.1 and a few other
isolated Pantoea strains in liquid PSM for 24 h and monitored pH
values of the culture medium throughout the incubation time. In
the negative-control flask (no bacterial cells) pH values declined
only slightly after 24 h of incubation, i.e., from pH 7.0 to 6.44 (Fig.
S1 in the supplemental material). In contrast, all Pantoea sp. isolates (3.1, 3.2, 3.5.1, and 3.6.1) reduced the pH of the culture
medium from 7.0 to 4.41, 3.91, 3.75, and 3.92, respectively. Thus,
the Pantoea sp. 3.5.1 cells are capable of significantly lowering the
pH of the culture medium, effectively solubilizing Ca-phytate.
We hypothesized that solubilized Ca-phytate can be transported from the culture medium into the cells and hydrolyzed by
an intracellular or periplasmic phytase. Indeed, the Pantoea sp.
3.5.1 isolate does possess robust intracellular phytase activity (Fig.
2). Intracellular phytase activity is detectable at the third hour of
growth and lasts throughout all remaining growth phases, including the stationary phase. Thus, the phytate-degrading enzyme
from Pantoea sp. 3.5.1 appears to be expressed constitutively.
However, whether expression of this enzyme is additionally regulated by a nutrient or by energy limitation, as is the case for the
majority of known bacterial phytases (19, 37–39), or whether this
enzyme belongs to a group of truly constitutive bacterial phytases
of the Agp subgroup, such as glucose-1-phosphatases from Pantoea agglomerans (29) and E. coli (40), remains to be elucidated.
Phytase purification. To better characterize enzymatic properties of the intracellular Pantoea sp. 3.5.1 phytase, we set out to
biochemically purify the enzyme from the Pantoea cell extract.
Following our recently developed phytase purification method
(28), we employed a two-step ion exchange chromatography protocol (Table 2). Cells were harvested after 20 h of growth, and the
cellular lysate was passed over a MonoS HR 5/5 column (see Fig.
S2A in the supplemental material), which resulted in purification
of 173-fold and an activity yield of 59.3%. The phytase-containing
fractions from the MonoS column were combined, dialyzed, and
loaded onto a MonoQ HR 5/5 column (see Fig. S2B in the supple-
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mental material). The MonoQ step improved purification to 582fold with an activity yield of 37.8%. This two-step protocol allowed us to purify the Pantoea sp. 3.5.1 phytase to homogeneity
(Fig. 3).
The molecular mass of the purified phytase enzyme was estimated by SDS-PAGE to be around 48 ⫾ 2.5 kDa (Fig. 3). To test if
the native enzyme exists in a monomeric form, we performed gel
filtration chromatography of the apparently pure phytase (from
the MonoQ step) on a Sephacryl S-100 column (see Fig. S3 in the
supplemental material). The peak of phytase activity was observed
in fraction 18 (36 ml), which corresponds to a molecular mass of
55 to 57 kDa. These data support the conclusion that the Pantoea
sp. 3.5.1 phytase is a monomeric protein, as is the case for the
majority of the bacterial phytases characterized thus far (41, 42).
agpP gene from Pantoea sp. 3.5.1 encodes a glucose-1-phosphatase enzyme. The molecular identity of the purified homogeneous Pantoea sp. 3.5.1 phytase was determined using MALDITOF mass-spectrometry (see Fig. S4 in the supplemental
material). At the time of the experiment, the best protein match
for the identified peptide masses was a hypothetical glucose-1phosphatase protein (WP_033736348) from Pantoea sp. strain
Sc1 (see Fig. S5 in the supplemental material). To identify genes
coding for a similar enzyme in the genome of our Pantoea sp. 3.5.1
strain, we have sequenced the full genome of this isolate (GenBank
accession number JMRT00000000.2). A single glucose-1-phosphatase (agp) gene was identified and designated agpP (GenBank

TABLE 2 Purification scheme for the Pantoea sp. 3.5.1 phytase

Purification step
Crude extract
MonoS HR 5/5
column
MonoQ HR 5/5
column

Applied and Environmental Microbiology

Total
protein
(mg)

Total
phytase
activity (U)

Specific
activity
(U/mg)

Purification
(fold)

Yield
(%)

262
0.894

2.033
1.205

0.0078
1.35

1
173

100
59.3

0.169

0.768

4.54

582

37.8
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FIG 2 Growth dynamics and extracellular and intracellular phytate-hydrolyzing activities of Pantoea sp. 3.5.1 culture.

Phytate-Degrading Enzyme from Pantoea sp. Strain 3.5.1

accession number KJ783401.1). The translated sequence of the
AgpP protein is 94% identical and 97% similar to the sequence of
Pantoea sp. Sc1 glucose-1-phosphatase.
To further verify that the Pantoea sp. 3.5.1 phytase we purified
and sequenced is indeed encoded by the glucose-1-phosphatase
agpP gene, the identified agpP gene was cloned into a pET28a
expression vector, and the corresponding recombinant protein
was expressed in E. coli as a fusion with a 6⫻His tag to facilitate
protein purification and detection by Western blotting. Soluble
recombinant AgpP protein was purified over a Ni-NTA column
(see Fig. S6 in the supplemental material) and subjected to enzyme
activity assays. As expected, recombinant AgpP displayed high
phosphomonoesterase and phytase activities (see Table S3 in the
supplemental material). Thus, we conclude that the purified phytase from the Pantoea sp. 3.5.1 isolate is the glucose-1-phosphatase AgpP enzyme with robust phytase activity.
Sequence analysis of the AgpP protein. The overall open reading frame of the Pantoea sp. 3.5.1 agpP gene consists of 1,728 bp
and codes for a 575-amino-acid protein. Analysis of the promoter
sequence revealed the potential ⫺10 (TGCTATAGT) and ⫺35
(TTCATC) regions. A 22-amino-acid signal peptide was identified in the AgpP protein sequence using SignalP software (http:
//www.cbs.dtu.dk/services/SignalP/). The presence of the signal
peptide indicates that the Pantoea sp. 3.5.1 AgpP protein is most
likely located in the periplasm. Based on the predicted amino
acid sequence, the molecular mass of the mature phytase was
calculated to be 60,800 Da, further confirming the molecular
mass range estimated by SDS-PAGE and size exclusion chromatography.
The identified enzyme harbors an overall 94% amino acid
identity to the recently described glucose-1-phosphatase protein
from Pantoea agglomerans Eh318 (GenBank accession number
KDA95391.1) (see Table S4 in the supplemental material). The
amino acid sequence of the Pantoea sp. 3.5.1 AgpP phytase also
harbors an N-terminal RHNLRAP motif (where the italicized residues are variable) and a C-terminal HD motif (see Table S4 in the
supplemental material), which are the structural hallmarks of the
highly conserved catalytic core of histidine acid phosphatases
(HAPs) [consensus sequence RH(G/N)XRXP/HD, where the
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FIG 3 SDS-PAGE of the Pantoea sp. 3.5.1 phytase. Lane 1, crude cellular
extract; lane 2, eluate from MonoS HR 5/5 column; lane 3, eluate from Mono
Q HR 5/5 column; lane 4, fraction 36 (peak activity) from size exclusion chromatography on Sephacryl S-100 column; M, molecular mass marker.

slash separates the N- and C-terminal sequences] (11, 43). Taken
together, these data indicate that the purified phytate-hydrolyzing
enzyme AgpP from Pantoea sp. 3.5.1 is a periplasmic histidine acid
phosphatase and is a member of the evolutionarily conserved glucose-1-phosphatase (Agp) subfamily of HAPs.
Enzymatic properties of AgpP phytase. The pH optimum of
AgpP phytase was measured using incubation buffers with pH
values ranging from 1.0 to 9.0. Maximum phytase activity of the
Pantoea sp. phytase was observed at pH 4.5 (Fig. 4A). Only trace
levels of activity were observed below pH 3.0 and above pH 8.0.
The acidic pH optimum also confirms that the purified enzyme
belongs to the histidine acid phosphatase family, as most HAP
phytases have pH optima ranging from 4.0 to 5.5 (44–47).
The effect of pH on enzyme stability was studied by incubating
the enzyme for 1 h in a pH range of 1.0 to 9.0 at 4°C. The phytase
did not show any significant decline in activity at pH 4 to 5.5.
However, almost 80% of the activity was lost at pH 9.0. Interestingly, at the optimum pH value of 4.5 the enzyme retained over
90% of its initial activity even after 10 days of incubation (data not
shown), indicating that AgpP phytase is stable for extended periods of time under optimum pH conditions. These data are consistent with known properties of another Agp phytase from Pantoea agglomerans, which at optimum pH retains over 95% of
activity for up to 10 days (29).
The influence of temperature on the activity of AgpP phytase
was determined using temperature intervals from 10°C to 80°C
under standard phytase assay conditions. The phytase showed a
single temperature optimum at 37°C (Fig. 4B). This temperature
optimum is typical for many histidine acid phytases of enterobacteria. For instance, phytases of both Erwinia carotovora subsp.
Carotovora and Obesumbacterium proteus show the highest activity at 40°C (21, 48). Furthermore, similar to many other known
phytases of enterobacteria (18), AgpP phytase remained stable for
1 h at a temperature interval of 10 to 45°C losing only up to 20% of
activity at 45°C. However, higher temperatures lead to a substantial decline in enzyme activity, as only 40% and 12% of its maximum activity were retained at 55°C and 65°C, respectively.
Effect of divalent metal ions on enzyme activity. Metal ions
are known to affect the activity of phytate-hydrolyzing enzymes:
most metal ions inhibit various groups of phytases, while Ca2⫹
specifically stimulates activity of many beta-propeller phytases
from the Bacillus genus (49). To analyze the effect of different
divalent metal ions on AgpP phytase activity, we added Ca2⫹,
Mg2⫹, Mn2⫹, Zn2⫹, Fe2⫹, Cu2⫹, and Co2⫹ ions at a 1 mM concentration to the incubation buffer (Fig. 5). Fe2⫹, Cu2⫹, and Zn2⫹
ions inhibit AgpP activity by 10%, 16%, and 42%, respectively.
Such effects on enzyme activity are typical for HAP phytases and
have previously been observed for other members of this enzyme
group (8). In some cases, inhibition of enzyme activity can possibly be explained by the formation of insoluble metal ion-phytate
complexes, which render the phytate substrate unavailable for enzymatic reactions.
Remarkably, Ca2⫹, Mg2⫹, and Mn2⫹ ions increase enzymatic activity over 2-fold (Fig. 5). To the best of our knowledge, activation of
enzyme activity by Mg2⫹ and Mn2⫹ ions has not previously been
reported for any phytase group, including a phytase from closely related P. agglomerans (29). Additionally, AgpP phytase activation
by Ca2⫹ is the first such example outside the beta-propeller group
of phytases. These data imply that AgpP phytase represents a
unique HAP enzyme with an unusual mode of activity regulation.
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and 37°C was taken as 100% (0.025 U/ml).

Substrate specificity. Glucose-1-phosphatase enzymes and,
specifically, Agp phytases are known to have a broad substrate
specificity and, besides phytate, can hydrolyze many other phosphate-containing substrates, such as AMP, NADP, pNPP,
1-naphthyl phosphate, glucose-1-phosphate, ␤-glycerol phosphate, and pyrophosphate (8, 50). The substrate selectivity of
AgpP phytase was analyzed in vitro using 10 phosphorylated compounds (Table 3). Notably, while AgpP phytase was able to hydro-

lyze to some degree all of the compounds studied, Km values indicate that phytate, glucose-1-phosphate, and glucose-6-phosphate
appear to be the best substrates for the enzyme. In general, Agp
phytases show broad Km values toward phytate, ranging from 0.01
to 0.65 mM (50), with the value for the isolated AgpP phytase
falling in the middle of this range. We next determined the maximum rate of metabolism (Vmax)/Km values for the three best substrates as a measure of AgpP’s catalytic efficiency. The Vmax/Km
values for phytate, glucose-6-phosphate, and glucose-1-phosphate were 38.3 U mg⫺1 mM⫺1, 40 U mg⫺1 mM⫺1, and 5,915 U
mg⫺1 mM⫺1, respectively. These data correlate well with catalytic
efficiencies of AgpE phytase from Enterobacter cloacae and Agp

TABLE 3 Substrate specificity of the Pantoea sp. 3.5.1. AgpP phytase

FIG 5 The influence of divalent metal ions on Pantoea sp. 3.5.1 AgpP phytase
activity. Activity at pH 4.5 and 37°C without any metal ions was taken as 100%
(0.025 U/ml).
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Substrate

Km (mM)

Phytate
Glucose-6-phosphate
Glucose-1-phosphate
NADP
pNpp
1-Naphtylphosphate
Fructose-1,6-bisphosphate
AMP
AP
␤-Glycerol phosphate

0.28
0.37
0.24
3.7
5.4
3.9
2.1
5.9
4.3
2
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FIG 4 Analysis of AgpP enzymatic properties. The effect of buffer pH (A) and temperature (B) on the Pantoea sp. 3.5.1 AgpP phytase activity. Activity at pH 4.5

Phytate-Degrading Enzyme from Pantoea sp. Strain 3.5.1

FIG 7 HPIC analysis of specific myo-inositol hexaphosphate hydrolysis products after incubation with the purified AgpP enzyme for 4 to 8 h. Representative
chromatograms of two replicates are shown. The short arrow indicates DL-myo-inositol 1,2,3,4,5,6-hexaphosphate (phytate; initial concentration, 2.2 mM), and
the long arrow indicated DL-myo-inositol 1,2,4,5,6-pentaphosphate (final product of the enzymatic reaction).
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FIG 6 HPLC analysis of phytate hydrolysis products after incubation with the
AgpP phytase for 0 to 8 h. Representative chromatograms of four replicates are
shown. Peak positions for myo-inositol pentaphosphate and myo-inositol
hexaphosphate (phytate) are indicated.

phytase from E. coli, which also show maximum Vmax/Km values
toward glucose-1-phosphate (50).
Identification of phytate hydrolysis products. To further
classify AgpP on the basis of the first phosphate group attacked by
the enzyme, the phytase was incubated with phytate, and hydrolysis products were separated and quantified by ion exchange
HPLC chromatography. A decrease in myo-inositol hexaphosphate (phytate) concentration from 3.5 mM to 2 mM was observed in the reaction mixture from 0 to 8 h of incubation (Fig. 6).
Concurrently, we observed an increase of myo-inositol pentaphosphate concentration from 0 to 1.3 mM. No increase in the
concentration of any other less phosphorylated derivative of
phytate was observed throughout the incubation period of 8 h,
indicating that myo-inositol pentaphosphate is the only product
of phytate hydrolysis by AgpP phytase.
The myo-inositol core of the phytate molecule has six phosphate residues, each of which could potentially be cleaved off by
AgpP phytase to produce myo-inositol pentaphosphate. To identify the exact position of the phosphate residue cleaved off by the
enzyme in vitro, we performed isomer-specific HPIC analysis.
HPIC analysis of the assay mixture revealed the presence of DLmyo-inositol 1,2,4,5,6-pentaphosphate [DL-Ins(1,2,4,5,6)P5] as
the only product of hydrolysis (Fig. 7). Identification of DL-myoinositol 1,2,4,5,6-pentaphosphate as the final product of phytate
hydrolysis indicates that the Pantoea sp. 3.5.1 AgpP phytase can be
classified as a 3-phytase with respect to the position of cleaved
inositol ring phosphate. These data are consistent with previously
determined end products of digestion by three other characterized
enzymes of the Agp subfamily: AgpE of Enterobacter cloacae (50),
Agp of Escherichia coli (40), and glucose-1-phosphatase from Pantoea agglomerans (29). All these enzymes produce DL-myo-inositol
1,2,4,5,6-pentaphosphate as the final product of phytate hydroly-
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cation and detailed characterization of the Pantoea sp. 3.5.1 AgpP
phytase provides a new valuable tool in the ever-growing arsenal
of potentially beneficial microbial enzymes. Overall, as the potential benefits of using natural bacterial strains and enzymes in agriculture are being thoroughly evaluated, the search for novel bacterial enzymes with useful or unique enzymatic properties is only
expected to intensify in the future.
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sis. Taken together, our data indicate that the Pantoea sp. 3.5.1
phytase is a novel glucose-1-phosphatase of the Agp subfamily of
histidine acid phosphatases with 3-phytase specificity.
One of the most interesting findings of our study was the remarkable abundance of phytate-utilizing bacterial strains detected in the forest soils, with most of these isolates being of the
Pantoea genus (see Table S5 in the supplemental material). The
presence of high phytase activity in forest soil samples could possibly be explained by the lack of persistent anthropogenic impact
on these soils. The absence of constant detrimental human pressure on soil ecology presumably supports the presence of a natural
biocenosis where various groups of microbes coexist to benefit
overall soil productivity and the recycling of key mineral elements.
In contrast, human influence on soils of private homesteads, large
agricultural complexes, and city streets is severe and likely results
in significant modification of soil bacterial composition through
the excessive use of fertilizers, presence of pollutants, and other
types of environmental modifications.
The nutritional value and environmental benefits of many industrial phytases are well established, and a large number of fungal phytases are currently available as animal feed supplements. These include phytases from Aspergillus ficuum (niger) (sold as Natuphos),
Aspergillus niger (All-zyme), Aspergillus awamori (Finase and
Avizyme), Aspergillus oryzae (SP, TP, SF, AMA-FERM, and
Phyzyme), and Peniophora lycii (Ronozyme, Roxazyme, and BioFeed phytase) (51). However, none of these enzymes are equally
effective in all animal species as they differ in certain unique biochemical features, such as pH and temperature optima and stability, resistance to proteolysis, acidity, and resistance to high temperatures and metal ions. Furthermore, digestive conditions in the
stomach, the main functional site of phytase action, also vary considerably among different animals and are further modified with
age and diet (9). Thus, the search is still on for more efficient
industrial phytases.
The Pantoea sp. 3.5.1 AgpP phytase offers a unique set of biochemical advantages over the well-established industrial enzymes,
while also sharing some beneficial features of fungal enzymes.
First, similar to most industrial phytases from Aspergillus that
function in the upper part of the digestive tract of poultry (52, 53),
the Pantoea sp. 3.5.1 AgpP phytase has a pH optimum in the acidic
range, suggesting that AgpP could also work in similar digestive
environments. At the same time, unlike the Aspergillus phytases,
which display the highest activity at 50°C, the Pantoea sp. 3.5.1
phytase is most active at 37°C, much closer to the typical body
temperature (37 to 42°C) of most warm-blooded animals (54).
Second, while all phytases are thought to increase bioavailability of
essential metals like Ca, Mg, Zn, and Mn by breaking down metal
ion-phytate complexes (9), this seemingly desirable trait can create a negative-feedback loop of enzyme regulation and inhibit
activity of most industrial phytases. In contrast, as some of these
metal ions in fact positively regulate activity of the Pantoea sp.
3.5.1 AgpP phytase, AgpP can thus provide a viable alternative to
traditional industrial phytases. In light of this, isolation and biochemical characterization of AgpP phytase, with its unusual activation by divalent metal ions, can lead to the development of
better industrial phosphatases with regulated enzyme activity.
Furthermore, bacterial strains isolated during the course of this
study, including Pantoea sp. 3.5.1, could potentially be used in
plant agriculture as environmentally friendly biofertilizers to improve soil phosphorus availability. Toward this goal, the identifi-
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